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Abstract

This work demonstrates the influence of polar lipids on the transformation of Nannochloropsis gaditana saponifiable lipids (SLs) to fatty acid methyl esters (FAMEs, biodiesel) by lipase-catalyzed transesterification. In order to obtain microalgal SL fractions containing different polar lipid (glycolipids and phospholipids) contents, lipids were extracted from wet microalgal biomass using seven extraction systems, and the polar lipid contents of some fractions were reduced by low temperature acetone crystallization. We observed that the polar lipid content in the extracted lipids depended on the polarity (log P value) of the first solvent used in the extraction system (ethanol, hexane, isopropanol or ethyl acetate). Lipid fractions with polar lipid contents between 75.1% and 15.3% were obtained. Some of these fractions were transformed into FAMEs by methanolysis, catalyzed by the lipases Novozym 435 and R. oryzae in tert-butanol medium. We observed that the reaction velocity was higher the lower the polar lipid content, and that the final FAME conversions achieved after using the same lipase batch to catalyze consecutive reactions decreased in relation to an increase in the polar lipid content. This indicates that these lipids affect transesterification velocity, FAME conversion and lipase stability - even in the presence of tert-butanol. 
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1. Introduction

Biodiesel has received much attention as it seems to be a promising alternative to conventional diesel. Producing it from vegetable oils or animal fats is inconvenient given that these raw materials can also be used for feed and, furthermore, are in limited supply. Microalgae are currently considered one of the most likely candidates for biodiesel production. They are photosynthetic organisms capable of converting (under light conditions) water and carbon dioxide into macromolecules such as oils, polysaccharides and proteins; some of which can produce between 7 and 31 times more lipids than the best vegetable oil crops and achieve high growth rates compared to agricultural crops (Chisti, 2007). However, while plant oils are made up mostly of neutral lipids (NLs), microalgal oils are rich in polar lipids  - glycolipids, (GLs) and phospholipids  (PLs) - having a higher viscosity that can lead to reduced transesterification velocity and FAME conversion (Jiménez Callejón et al., 2014; Navarro López  et al., 2015). For this and other reasons, the neutral saponifiable lipids (NSLs) - free fatty acids, tri-, di- and monoacylglycerols - which are also found in microalgae (Nielsen et al., 2008; Hidalgo et al., 2013) are the most interesting lipids for biodiesel production. The microalgal lipid composition used to produce biodiesel depends on the microalgal species, the culture conditions, the time of harvesting and also the solvent and method used to extract the lipids from the microalgae. San Pedro et al. (2013) found that the lipid profile and content changed when the microalga Nannochloropsis gaditana was cultured under nitrogen starvation conditions - the saponifiable lipids (SLs) greatly increased (21.6 wt% of biomass dry weight) compared to that in continuous culture (12.0 wt%). Moreover, the former is richer in NSLs (17.2 wt% of biomass dry weight) than that cultured without nitrogen limitations (7.9 wt%). However, biomass productivity is lower under nitrogen starvation conditions and culture conditions such as these are far more laborious and difficult to implement on an industrial scale (San Pedro et al., 2013). Furthermore, algae harvesting in the exponential growth phase (usually when production is in continuous operation mode) will produce microalgae with more polar lipids than those harvested in the late stationary growth phase (usually in batch cultures), which contain more NSLs (Molina Grima et al., 2013). 
The most-used method for producing biodiesel is by the transesterification of acylglycerols with short-chain alcohol (methanol or ethanol) in the presence of various catalysts (Stamenkovik et al., 2011).  In the industrial processes so far proposed, alkali catalysts have generally been used. However, they cannot be used if the oil contains free fatty acids (FFAs > 0.5%), as occurs with microalgal oils (Robles Medina et al., 2009). Microalgal oils with high FFA contents can be transesterified using acid and enzymatic catalysts; nonetheless, lipases work at lower temperatures (25-50ºC) and the subsequent separation and purification of biodiesel and glycerol is easier when using lipases (Khor et al., 2010). To overcome these drawbacks, many authors have studied the use of lipases as catalysts for biodiesel production. Some of the extracellular lipases most commonly used are from species such as Candida antarctica (Novozyme® 435), Thermomyces lanuginosus (Lipozyme® TL IM) or Rhizomucor miehei (Lipozyme® RM IM). However, the use of extracellular lipases requires complicated and expensive recovery, purification and immobilization processes for industrial applications and there has been considerable interest in the use of intracellular lipase whole-cell biocatalysts, which have the advantage of avoiding isolation operations, purification and extracellular lipase immobilization (Li et al., 2008; Ban et al., 2002). Consequently, the filamentous fungus from Rhizopus oryzae is one of the most widely used for biodiesel production via enzymatic transesterification. However, lipases have other drawbacks for use in biodiesel production such as their rapid deactivation due to methanol. If the methanolysis or ethanolysis are carried out in solvent-free systems, some methanol or ethanol can be non-solubilized due to the limited solubility of these alcohols in the oil, and this non-solved alcohol causes lipase deactivation. To overcome the problem, some authors proposed the stepwise addition of methanol (Shimada et al., 1999) with t-butanol as the solvent, which solves the methanol and reduces lipase deactivation (Li et al., 2008; Li et al., 2010).
	In previous works carried out at our laboratory on lipase-catalyzed transesterification of microalgal lipids to produce biodiesel (Navarro López et al., 2015, 2016), we observed that the polar SLs (GLs and PLs) contained in these microalgal lipids could be responsible for the decrease both in reaction velocity and in lipase stability. The aim of the present work was to study this influence. Hence, we extracted microalgal SLs from wet N. gaditana microalgal biomass using different solvents. In this way, SL fractions with different polar lipid contents were obtained and these fractions were then transformed to FAMEs by lipase-catalyzed transesterification, using both the extracellular lipase Novozym 435 and the intracellular lipase R. oryzae. Consequently, we were able to study the influence of the lipidic composition of microalgal lipids on the reaction velocity, FAME conversion and lipase stability. 

2. Materials and methods

2.1. Microalga, lipases and chemicals 

Wet paste biomass from the marine microalga Nannochloropsis gaditana was used as the oil-rich substrate. Cells were grown in an outdoor tubular photobioreactor at “Las Palmerillas, Cajamar” research centre (El Ejido, Almería, Spain). The wet biomass supplied was harvested and centrifuged (Centrifuge Brand Supelco 4-15,Sartorius, Germany) to 85 wt% moisture content. The dry weight content of the wet biomass samples was determined from the weight difference between the wet biomass samples and the same samples following lyophilisation. This wet biomass contained 31.1 ± 0.1 wt% of total lipids (TLs) in the dry biomass. The total fatty acid content (or saponifiable lipids, SLs, as equivalent fatty acids) in the biomass was 12.0 ± 0.1 wt% in the dry biomass. The fatty acid composition of the wet paste biomass from N. gaditana used in this study is shown in Navarro López et al. (2015). 
The transesterification reactions were catalyzed by the lipase Novozyme 435® (N435) from Candida antarctica (Novozymes A/S, Bagsvaerd, Denmark) and by the fungus R. oryzae IFO 4697. N435 is supplied immobilized on a macroporous acrylic resin and usually this lipase does not show any positional specificity. The fungus R. oryzae, which produces a 1,3-positional specific lipase, was provided by the NITE Biological Resource Center (NBRC, Chiba, Japan). The chemicals used for culturing the fungus, and the culture conditions and methodology used for producing this catalyst, are described in Navarro López et al. (2016). 
The chemicals used were analytical grade ethanol (96% v/v), hexane (95% purity, synthesis quality), 2-propanol, ethyl acetate, chloroform and acetone (analytical quality) - all from Panreac S.A., Barcelona, Spain; methanol (99.9 % purity, Carlo Erba Reagents, Rodano, Italy) and tert-butanol (analytical grade, Fluka, Barcelona, Spain). All reagents used in the analytical determinations were of analytical grade. Standards were obtained from Sigma-Aldrich (St. Louis, MO, USA) and used without further purification. 

2.2. Lipid extraction from wet microalgal biomass and purification by crystallization in acetone

Lipid extraction from the wet N. gaditana biomass was carried out using seven extraction systems: ethanol (96% v/v)-hexane, hexane, hexane:isopropanol (3:2 v/v), ethyl acetate, hexane:ethyl acetate (3:2 v/v), hexane-ethanol (50% water) and hexane-ethanol (5% water). The extraction of lipids with ethanol followed by purification with hexane (Fig. 1) is described in detail by Navarro López et al. (2015). Using this procedure, an extract with only 31 wt% of SLs was obtained, but this purity was increased by crystallization in acetone following the procedure also described by Navarro López et al. (2015). 
The extraction of SLs with hexane (Fig. 2) is based on a similar method proposed by Jiménez Callejón et al. (2014). In this method, wet N. gaditana microalgal biomass was firstly homogenized at 1500 bar in a laboratory homogenizer (Panda Plus 2000 S.N. 8983 model, Gea Niro Soavi, Parma, Italy) and then extracted using 10 mL of hexane/g biomass at room temperature for 20 h with a constant agitation of 200 rpm. The hexanic phase was analyzed by gas chromatography (GC, Section 2.4) to determine the SL extraction yield. All the hexanic extracts were evaporated in a rotary evaporator (Buchi, R210, with a vacuum pump V-700, Switzerland) to recover the hexane. These lipids were also subjected to acetone crystallization treatment to increase the SL purity and decrease the phospholipid (PL) content. The extraction of microalgal lipids with ethyl acetate, hexane:isopropanol (3:2 v/v) and hexane:ethyl acetate (3:2 v/v) was carried out using the same procedure as that used with hexane (Fig. 2).
The extraction of microalgal lipids with the hexane-ethanol (50% water) and hexane-ethanol (5% water) systems was carried out following the procedure shown in Figure 3. With these solvent systems, microalgal lipids were firstly extracted with hexane and then this hexanic phase was extracted with ethanol:water (50:50 v/v) in one case and with ethanol:water (95:5 v/v) in the other, to decrease the polar lipid content of the lipids dissolved in the hexanic phase. 

2.3. Transesterification of microalgal saponifiable lipids (SLs)

Microalgal SLs were transformed to fatty acid methyl esters (FAMEs) by lipase-catalyzed methanolysis using the optimized conditions obtained in previous works (Navarro López et al., 2015, 2016). In a typical experiment, 1.4 g of extracted microalgal lipids (95% of SL) was mixed with 13.3 mL of t-butanol (10 mL/g SLs), 0.30 g of N435 (0.225 g N435/g SL) or 0.93 g of R. oryzae fungus (0.7 g of R. oryzae/g SLs) and 2.1 mL of methanol (a methanol/SL molar ratio of 11:1). In the experiments catalyzed by N435, methanol was added in three steps at the reaction times of  0, 10 and 24 h, adding a molar ratio of 3:1 in the first step and 4:1 in the other two. In the experiments catalyzed by R. oryzae, both the fungus and the methanol were added in three steps at the reaction times of 0, 24 and 48 h, adding 0.31 g of R. oryzae at each step and 573 μL of methanol in the first step (3 mol methanol/mol SLs) and 764 μL of methanol in the other two (4 mol of methanol/mol SLs per step). SLs are expressed as equivalent fatty acids (mean molecular weight 277 g/mole) and the molar ratios are expressed as moles of methanol per mole of fatty acid in the microalgal SLs. The esterification reaction was carried out in 50 mL Erlenmeyer flasks with silicone-capped stoppers. In the experiments catalyzed by N435, the mixture was incubated at 40 oC and stirred in an orbital shaking air-bath (Inkubator 1000, Unimax 1010 Heidolph, Klein, Germany) at 200 rpm for 48 h; while the experiments catalyzed by R. oryzae, the temperature, stirring rate and reaction time were 35 ºC, 130 rpm and 72 h, respectively. The reactions were stopped by lipase separation using filtration (glass plate, pore size range 16-50 μm). The final reaction mixture was conserved at -24 ºC until analysis. All reactions were carried out in duplicate and their corresponding analyses in triplicate; thus each value recorded is the arithmetic mean of six experimental data sets (data shown as mean value ± standard deviation).

2.4. Determination of total lipids (TLs) and saponifiable lipids (SLs), analysis of products and fractionations of extracted microalgal lipids

TLs comprise both SLs and unsaponifiable lipids. SLs comprise neutral saponifiable lipids (NSLs) such as acylglycerols and free fatty acids, and polar lipids such as glycolipids (GLs) and phospholipids (PLs). The TL content of the microalgal biomass was determined by the Kochet method (1978).
The SL content of N. gaditana microalgal biomass was quantified by direct transesterification of the microalgal biomass with acetyl chloride/ methanol (1:20 v/v) to transform all the SLs into FAMES (Jimenez Callejón et al., 2014). The FAMEs were then analyzed by gas chromatography (GC) using an Agilent Technologies 6890 gas chromatograph (Avondale, PA, USA). Further details of the analysis method are described in Navarro López et al. (2015). 
The SL yield (wt%) in the crude lipidic extracts from the microalgal biomass is the percentage of extracted SLs with respect to the total amount of SLs contained in the original biomass, both determined as equivalent fatty acids by GC. To determine the fatty acid amount in the extracts, a known volume was dried under an N2 stream, and methylation was carried out by direct transesterification with acetyl chloride/ methanol (1:20 v/v) (Jiménez Callejón et al., 2014). The SL purity (wt%) is the weight percentage of SLs (determined by GC) with respect to the total amount of extracted lipids; this was determined by weighing after complete removal of the solvent contained in the lipid extract. In the lipid purification experiments by crystallization in acetone, a known volume of supernatant samples was taken and acetone was removed in the N2 stream. Then, 1 mL of hexane and 50 µL of internal standard (prepared weighing 25 mg of nonadecanoic acid, 19:0, in 10 mL of hexane) were added. Samples were also methylated by the procedure described previously (Jiménez Callejón et al., 2014). 
	The conversion of SLs to FAMEs by transesterification, catalyzed by the N435 and R. oryzae lipases, was determined following the procedure described in Martín et al. (2012). This conversion was calculated by the equation:


To determine the SL amount transformed to FAMEs (the equation numerator (1)), we took a known sample volume containing about 1 mg of fatty acids (around 20 μL) and mixed it with 50 µL of internal standard solution and 1 mL of hexane. This mixture was directly analyzed by GC. Then, these samples were methylated by direct transesterification with acetyl chloride/methanol and analyzed again by GC to obtain the denominator of Equation (1). The internal standard solution was prepared dissolving 25 mg of 19:0 methyl ester in 10 mL of hexane. 
	The lipid extracts obtained from the wet microalgal biomass by the procedures described in Section 2.2 were fractionated into neutral lipids (NLs), GLs and PLs following the procedure described in Jiménez Callejón et al. (2014), which is based on the elution of lipids in Sep-pack classic cartridges (Waters Corporation, Milford, MA) with chloroform and acetone, along with chloroform:methanol 85:15 v/v and methanol to collect the NLs, GLs and PLs from each of these mobile phases, respectively (Kates, 1986). The GC analysis of all fractions gave the percentage of NSLs, GLs and PLs with respect to SLs (Table 1). 

3. Results and discussion

3.1. Extraction of saponifiable lipids (SLs) from the microalga N. gaditana

	The wet biomass used in this work contained 15 wt% of dry biomass, 31.1 ± 0.1 wt% of total lipids (TLs) and 12.0 ± 0.1 wt% of saponifiable lipids (SLs) from the dry biomass. It was therefore a microalgal biomass with a low SL content and a high unsaponifiable lipids (19.1 wt%) content, which are not convertible to fatty acid methyl esters (FAMEs, biodiesel). This biomass was cultivated in continuous mode, with standard algal medium (8.0 mM nitrate) at a dilution rate of 0.3 day-1. Under these conditions maximum biomass productivity was achieved but this biomass has a low SL content and these SLs contain high percentages of polar lipids (GLs and PLs) (Jiménez Callejón et al., 2014; San Pedro et al., 2013). Table 1 (first line) shows the percentages of NSLs, GLs and PLs in the N. gaditana biomass, and, effectively, highlights the high percentage of polar lipids, above all GLs (57.4%). This lipidic profile is quantitatively different, for example, from that obtained for the same microalga by Ryckebosch et al. (2014a) (40%, 31% and 29% of NL, GLs and PLs, respectively), because this lipidic profile is dependent on the culture conditions. 
	With the goal of obtaining microalgal lipid fractions with different polar lipid contents, different extraction systems and procedures were used for extracting the SLs from the wet N. gaditana microalgal biomass. Table 1 shows the SL extraction yields, SL purities and the percentages of NSLs, GLs and PLs obtained with each of the extraction systems and procedures tested. The extraction with ethanol (96% v/v) and the posterior purification of this extract with hexane has been used in previous works (Navarro López et al., 2015, 2016), giving high SL yields (around 85%, Table 1) but low SL purities (38%). This result was also observed by Ryckebosch et al. (2014a) in the extraction of lipids from the same microalga, since only 60% of the extract consisted of lipids - this is because polar solvents extract larger amounts of both unsaponifiable lipids and non-lipid substances given that the polar solvents are capable of extracting more polar materials, such as proteins and carbohydrates, from the microalgal biomass (Ryckebosch et al., 2014b). A low SL purity was also achieved by Ramluckan et al. (2014a), who extracted lipids from the microalga Chlorella sp. using ethanol in the Soxhlet extraction method (at the ethanol boiling temperature) and only 52% of the extracted lipids were SLs. This low purity (38%) was increased to 95% by crystallization in acetone (AC) at a low temperature, and this treatment also reduced the polar lipid content from 75.1 to 49% (Table 1). Using this procedure, gums (PLs) and waxes are precipitated out because of their insolubility in acetone at low temperature and therefore SL purity increases because these lipids remain mostly solubilized in acetone (Rajam et al., 2005).
	Hexane was used as the extraction solvent to directly extract a lipidic fraction with a lower polar lipid content (Table 1). However, in this case, a low SL yield was obtained (37.7%), similar to that obtained by Ryckebosch et al. (2014a) with this solvent (36%). Hexane is a non-polar solvent and lower polar SLs were extracted (35.4%, Table 1) compared to ethanol (75.1%). When the acetone crystallization treatment was applied to the lipids extracted with hexane, the polar lipid content did not decrease and the SL purity only increased from 56% to 61%. This result indicates that the lipids previously extracted with hexane contained a low or negligible amount of waxes and gums susceptible to precipitation in acetone at low temperature.
	The hexane:isopropanol (3:2), hexane:ethyl acetate (3:2) and ethyl acetate solvent systems were also used to obtain SLs with low polar lipid contents (Ryckebosch et al., 2014a). With hexane:isopropanol (3:2), a higher SL yield, and therefore a higher polar lipid content, was achieved due to the relatively high polarity of isopropanol (log P = 0.05, Sangster, 1989). With this system, a GL content was obtained higher than that achieved with hexane, but with a similar PL yield. Using hexane:ethyl acetate (3:2) and ethyl acetate, slightly higher SL yields and a similar polar lipid content were obtained to that using only hexane. The polarity of ethyl acetate (log P value) is between that for hexane and isopropanol (Table 1). These yields are also similar to the ones obtained by Ryckebosch et al. (2014a).
	Additionally, the hexane-ethanol:water (95:5 v/v) and hexane-ethanol:water (50:50 v/v) solvent systems were tested to try to further decrease the polar lipid content. In this case, the SLs were firstly extracted with hexane and then the hexanic solution was extracted with ethanol:water (95:5 v/v) or ethanol:water (50:50 v/v) (Fig. 3) to extract the polar lipids and increase the NSL content of the hexanic phase. The minimum polar lipid content was achieved byextracting the polar lipids from the hexanic phase with ethanol:water (95:5 v/v). This last liquid-liquid extraction reduced the polar lipid content from 35.4% to 15.3%;  although the SL recovery yield was also reduced from 37.7% to just 15.8% (Table 1). 
	Table 1 shows that the SL yields were not high, which, among other reasons, might be because Nannochloropsis species possess a thick rigid cell wall that contain an aliphatic, non-hydrolysable biopolymer called algaenan (Gelin et al., 1997). The table shows that, in all the extracting systems tested, except for ethanol (96%)-hexane, the extracts were richer in NSLs, or poorer in polar lipids, than the microalgal biomass, due to the low polarity of the first solvent used in these extraction systems. Table 1 also shows that, in general, the SL yield was higher the higher the polarity was of the first solvent used in the extraction process. Thus, the highest extraction yield was obtained using ethanol (log P = - 0.30, Sangster, 1989) whilst the lowest was using hexane (log P = 4), as the first extraction solvent. This also had an influence on the profile of the extracted lipids because the higher the polarity of the solvent, the higher the percentage of polar lipids and the lower the NSL content (Table 1). In microalgae cells (eukaryotic) neutral lipids (NLs) interact through weak van der Waals forces to form lipid globules in the cytoplasm. These free NLs can be extracted from the cell using nonpolar solvents such as hexane; this is because similar van der Waals forces are formed between the NLs and the nonpolar solvent. However, some NLs form complexes with polar lipids, which create hydrogen bonds with proteins in the cell membrane. Nonpolar solvents are not capable of disrupting these hydrogen bonds and therefore can extract neither the complexed NLs nor the polar lipids from the cells. In contrast, polar organic solvents, such as ethanol or isopropanol, can form hydrogen bonds with the lipids and hence break the lipid-protein complexes leading to extraction of both more complexed NLs and polar lipids from the cells (Halim et al., 2012; Shahidi and Wanasundara 2002; Ryckebosch et al., 2014a). Therefore, in the case of ethanol (96%)-hexane extraction, it seems that the polar lipids, once extracted from the microalgal biomass using a polar solvent, such as ethanol, can be extracted into a non-polar solvent, such as hexane, because the lipid-protein complexes were already broken. 

3.2. Influence of the polar lipid content on the enzymatic transesterification of microalgal SLs 

	In order to observe the influence of the polar lipid content on the reaction velocity and final conversion of the transesterification of microalgal SLs, some of the previously extracted SL fractions from the wet N. gaditana microalgal biomass were transformed to fatty acid methyl esters (FAMEs, biodiesel) by alcoholysis catalyzed using the lipases N435 (extracellular) and R. oryzae (intracellular). 
	The five SL fractions extracted with the ethanol (96% v/v)-hexane (75.1% of polar lipids, Table 1), ethanol (96% v/v)-hexane + AC (49% of polar lipids), hexane (35.5% of polar lipids), hexane + AC (37.4% of polar lipids) and hexane-ethanol/water (95/5 v/v) (15.3% of polar lipids) systems were subjected to enzymatic transesterification catalyzed by lipase N435. Figure 4A shows that the final conversions achieved using the four SL fractions with lower polar lipid contents were very high (around 95%) and non-significant differences between these final conversions were observed. This FAME conversion is similar to that obtained by other authors who transformed microalgal SLs into biodiesel using enzymatic catalysis under similar conditions; for example, Tran et al. (2013) obtained a 91-96%  FAME conversion in the transesterification of Chlorella vulgaris lipids, catalyzed by the Burkoholderia lipase. However, the final conversion achieved with the ethanol (96% v/v)-hexane SL fraction was appreciably lower (86.3%, Fig. 4A); this SL fraction is no less pure than the others (38%, Table 1) but contains the highest polar lipid percentage (75.1%, Table 1).  Figure 4A also shows that the highest and the lowest initial reaction velocities correspond to the SL fractions with, respectively, the lowest and the highest polar lipid contents; these are, again respectively, the SL fractions extracted with the hexane-ethanol:water (95/5 v/v) (15.3% polar lipids, Table 1) and ethanol (96% v/v)-hexane (75.1% polar lipids) systems.  Non-significant differences were observed between the initial reaction velocities obtained with the other SL fractions, which contained closer polar lipid contents (49.0, 37.4 and 35.4%, Table 1). These results show that the higher the polar lipid content, the lower both the final conversion and the reaction velocity; although these differences are not high. Such results could be explained by the polar lipids being bound on the immobilized lipase preparation and interfering with the interaction between the lipase molecule and the substrates (Watanbe et al., 2002). Nonetheless, Figure 4A shows that the influence of the polar lipid content is relatively low, which might be because the lipase immobilization support of N435 is hydrophobic (at least compared to the hydrophilic supports used for lipases such as Lipozyme RM IM and TL IM), and this hydrophobic support could limit the adsorption of polar compounds present in the medium (such as polar lipids and glycerol) (Séverac et al., 2011). 
	Figure 4B shows the variation in FAME conversions with the reaction time obtained in the R. oryzae-catalyzed transesterification of the N. gaditana microalgal SLs extracted with the ethanol (96% v/v)-hexane (75.1% polar lipids, Table 1), ethanol (96% v/v)-hexane + AC (49% polar lipids), hexane + AC (37.4% polar lipids) and hexane-ethanol:water (95:5 v/v) (15.3% polar lipids) systems. This figure again shows that the final conversions achieved using the three SL fractions with lower polar lipid contents were relatively high (around 82%) and non-significant differences between these final SL fraction conversions were observed. In addition, this figure shows that the final conversion achieved with the ethanol (96% v/v)-hexane fraction was appreciably lower (70.2%) because the SL fraction contained the highest polar lipid content (75.1%). The final conversion achieved with the ethanol-hexane + AC fraction was similar to that obtained with the hexane-ethanol:water and hexane+AC fractions although the latter had lower SL purity (59.8% and 61% versus a 95% purity for the former, Table 1), which demonstrated that the SL content did not influence the FAME conversion.  These FAME conversions were lower than those obtained by other authors who transformed SLs into biodiesel under similar conditions using R. oryzae intracellular lipase as the catalyst: for example, Arumugan and Ponnusami (2014) attained a 92% FAME yield; however, these authors used a vegetable oil. Indeed, few works exist regarding microalgal lipid biodiesel production using R. oryzae as the catalyst. Figure 4B also shows that the highest initial reaction velocities corresponded to the SL fractions with the lowest polar lipid contents (the hexane –ethanol:water and hexane + AC systems). Li et al. (2014), in the transesterification of soybean oil with phospholipid contents higher than 5%, catalyzed by the free lipase NS81006 from Aspergillus niger, also observed that the higher the phospholipid content in the oil, the lower the reaction velocity and biodiesel yield. All these results demonstrate that, in effect, polar lipids decrease the reaction velocity and FAME conversions due to the increase of reaction medium viscosity and because these lipids bind to the lipase, thus interfering with the lipase molecule’s interaction with the substrates (Watanabe et al., 2002; Wang et al., 2014; Navarro López et al., 2015, 2016).

3.3. Influence of the polar lipid content on the FAME conversions achieved after repeated use of the lipases

	Figure 5 shows the variation in the FAME conversions with reaction time achieved in three consecutive transesterification reactions catalyzed by the same N435 batch. These reactions were carried out under the conditions established as optimal for this lipase in a previous work (Navarro López et al., 2015). After each reaction cycle, the lipase was filtrated and washed with 50 mL of t-butanol/g lipase before being used. Figure 5a shows that both the reaction velocity (lipase activity) and the final conversion decreased with the number of lipase uses. Figures 5a-e show that the conversion attained at 48 h decreased by about 23%, 10%, 4.6%, 2.7% and 0.63% after three uses of the same lipase batch, and these SL fractions contained 75.1%, 49%, 37.4%, 35.4% and 15.3% of polar lipids (Table 1) respectively; that is to say, the higher the polar lipid content, the higher the conversion loss. Therefore, the results seem to indicate that under these experimental conditions and using lipids with a high polar lipid content, there is a constant loss in lipase activity (Figure 6a- d); whereas using microalgal SLs with a low polar lipid content (15.3%), the conversion loss is far lower or even negligible (0.63%, Fig. 6e) - at least when it is used for 144 h (48 h × 3 uses) under the operational conditions used in this work (see the Figure 4 caption). This last result is in agreement with those obtained by other authors who observed that N435 did not deactivate in the presence of t-butanol, even though it did in the presence of methanol, when refined vegetable oils were used as substrates (Li et al., 2006; Royon et al., 2007). Wang et al. (2014) carried out methanolysis on lipids extracted from the microalga Nannochloropsis oceanica, catalyzed by lipase N435 over 165 h in t-butanol observing some conversion losses; although the conversion efficiency remained greater than 90% after this period (165 h), which is a similar result to the one obtained in this work. These authors used crude algal oils extracted from microalgal biomass cultivated under nitrogen-depleted conditions, and therefore with higher triacylglycerols (NSLs) contents than polar lipid contents. 
	Figure 6 shows the variation in the FAME conversion with reaction time achieved in three consecutive transesterification reactions catalyzed by the same R. oryzae batch. These reactions were carried out under the conditions established as optimal for this lipase in a previous work (Navarro López et al., 2016), and after each reaction cycle the lipase was filtrated and washed with t-butanol before use, using 50 mL of t-butanol/g lipase. Figures 6a-d show that both reaction velocity (lipase activity) and final conversion attained at 72 h decrease with the number of lipase uses. This figure shows that, after three uses of the same lipase batch, these conversion losses were 74%, 58%, 15% and 16% for polar lipid contents of 75.1%, 49%, 37.4% and 15.3%, respectively; i.e. the higher the polar lipid content, the greater the conversion losses. These conversion losses are greater than those observed for lipase N435 in the transesterification of the same SL fractions (Fig. 5), which shows that N435 is much more stable than R. oryzae under similar conditions, perhaps because lipase N435 is immobilized on a hydrophobic support that adsorbs small amounts of polar lipids and reaction products (Séverac et al., 2011). A similar result had already been observed by Li et al. (2014) in the transesterification of soybean oil, with 5% and 10% of PLs catalyzed using the free lipase NS81006 from A. niger. For example, after three uses the FAME yield for a 10% PL content dropped from 75.3% to 22.2% (a conversion loss of 70.5%). These authors found that the coexistence of methanol and PLs was responsible for the lower catalytic performance and the conversion loss following the lipase’s repetitive use. PLs act as surfactants and generate reverse micelles in which free lipase and methanol are solubilized giving higher local methanol concentration around the lipase and, consequently, causing a toxic effect on the lipase’s catalytic performance. This might also explain the high activity losses observed in this work when SLs with a high polar lipid content were used as feedstock; although in this case no free lipase was used, rather an immobilized lipase (N435) and a whole cell intracellular lipase (R. oryzae).

4. Conclusions


In this work, we extracted the SLs and polar lipids from wet Nannochloropsis gaditana microalgal biomass and found that the recovery yields were higher, the higher the polarity of the extraction solvent. In the lipase-catalyzed transesterification of these SLs using different polar lipid contents, we observed that the reaction velocity was higher when using SLs with low polar lipid contents, and that the FAME conversions achieved when using the same lipase batch to catalyze successive reactions greatly decreased in percentage terms, the higher the polar lipid content of the microalgal SLs - indicating that polar lipids were responsible, along with the presence of methanol, for lipase inactivation. 
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	Table 1. Extraction of SLs from wet N. gaditana microalgal biomass: SL yields, purities and percentages of neutral saponifiable lipids (NSLs), glycolipids (GLs) and phospholipids (PLs) of the extracted fractions.

	Extraction system
	SL yield (%)
	SL purity (%)
	NSL (%)
	GL (%)
	PL (%)

	Homogenized biomass
	-
	12± 2.4
	29.9 ± 0.6
	57.4 ± 1.4
	12.7 ± 0.8

	Ethanol (96% v/v)-hexane
	85± 6.7
	38.1±1.8
	24.9 ± 0,0

	61.8 ± 0.3

	13.3 ± 0.3


	Ethanol (96% v/v)-hexane + ACa
	75± 5.7
	95±3.2
	51.0 ± 1.8
	43.5 ± 0.2
	5.5 ± 1.9

	Hexane:isopropanol (3:2) (v/v)
	63.4±1.4
	32.2±1.1
	49.7 ± 1.4
	47.2 ± 1.8
	3.1 ± 0.6

	Hexane:ethyl acetate (3:2) (v/v)
	49.7±0.3
	-
	65.7 ± 7.2
	31.6 ± 8.7
	2.7 ± 0.2

	Ethyl acetate
	44.1±1.0
	-
	64.9 ± 1.7
	34.6 ± 1.9
	0.5 ± 0.2

	Hexane 
	37.7± 3.5
	56±2.4
	64.6 ± 0.8
	32.2 ± 2.6
	3.2 ± 0.1

	Hexane + ACa
	34.8± 2.6
	61±3.6
	62.5 ± 0.5
	34.9 ± 1.6
	2.5 ± 0.3

	Hexane-ethanol:water 
(50% water)
	27.5± 3.4
	-
	69.1± 8.7
	29.4± 2.5
	1.5± 0.1

	Hexane-ethanol:water 
(5% water)
	15.8± 2.4
	59.8±4.6
	84.7± 8.7
	13.2± 1.6
	2.1± 0.2

	Log P values: ethanol -0.03, isopropanol 0.05, ethyl acetate 0.73, hexane 4 (Sangster, 1989). a AC: acetone crystallization treatment.
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Figure 1. Extraction of lipids from microalgal biomass using the ethanol (96% v/v)-hexane system.
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Figure 2. Extraction of lipids from microalgal biomass using hexane. Extraction with the solvents ethyl acetate, hexane:isopropanol (3:2 v/v) and hexane:ethyl acetate (3:2 v/v) was also carried out using this procedure. ‘db’ signifies dry biomass.
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Figure 3. Extraction of lipids from microalgal biomass using the hexane-ethanol:water (95:5 v/v) and hexane-ethanol:water (50:50 v/v) solvent systems.Figure 1. Extraction of lipids from microalgal biomass using the solvent system Hexane:Ethanol:Water.
Figure 2. Extraction of lipids from microalgal biomass using the solvent system Hexane:Ethanol:Water.
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	Fig. 4. Variations in FAME conversions with reaction time in the N435 (a) and R. oryzae (b) catalyzed transesterification of N. gaditana microalgal SLs extracted using different extraction systems. Operational conditions: (a) 0.225 w/w N435/SL ratio, 10 mL of t-butanol/g SLs, 11:1 methanol/SL molar ratio, methanol added in three steps at 0, 10 and 24 h, 40ºC, 200 rpm. (b) 0.7 w/w R. oryzae/SL ratio, 10 mL of t-butanol/g SLs, 11:1 methanol/SL molar ratio, 72 h, 3 additions of methanol and lipase at 0, 24 and 48 h, 35ºC, 130 rpm. a AC: acetone crystallization treatment.
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	Fig. 5. Reuse of the same batch of N435 lipase to catalyze three consecutive reactions (cycles) with the SL fractions extracted using: a) ethanol (96% v/v)-hexane (75.1 wt% polar lipids); b) ethanol (96% v/v)-hexane + AC (49 wt% polar lipids); c) hexane + AC (37.4% polar lipids); d) hexane (35.4% polar lipids); e) Hexane-ethanol:water (95:5%) (15.3% polar lipids). Operational conditions: see Figure 4 caption.
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	Fig. 6. Reuse of the same R. oryzae lipase batch to catalyze three consecutive reactions (cycles) with the SL fractions extracted using the following systems: a) ethanol (96% v/v)-hexane (75.1 wt% polar lipids); b) ethanol (96% v/v)-hexane + AC (49 wt% polar lipids); c) hexane + AC (37.4% polar lipids); d) Hexane-ethanol:water (95:5%) (15.3% polar lipids). Operational conditions: see Figure 4 caption.
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